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1.0 Setting up a 0.1 ha plot 50 

We propose a standardized protocol for sampling 0.1ha forest plots to quantify interaction networks of canopy 51 

arthropods. The choice of forest area depends on the characteristics of the forest structure and composition meeting 52 

all suitable requirements for your project and research questions. Allocate the necessary time to explore and find a 53 

suitable forest site. In particular, you should base your decision on the presence of invasive species, topography, and 54 

access to the plot (important for the removal of felled trees or a for cherry-picker access). Before you start your project, 55 

always inform yourself on all safety instructions applicable to working in the field. These are not included in this 56 

protocol. Anyone conducting the sampling is responsible for obtaining the safety instructions elsewhere and following 57 

them. 58 

1. Select a plot, which represents a 0.1 ha with a structure and a species composition typical for the local forests. Avoid 59 

forest edges, gaps, heavily disturbed areas, sloped terrain, and plantations. 60 

2. Set up the corner points of the plot and take GPS coordinates for reference. Use a measuring tape or a laser range 61 

finder to measure the distance between points. Use a compass to measure the angles between the corner points in 62 

order to set up the plot in the desired shape. You can use a standard or electronic compass for this. Artillery compasses, 63 

specifically designed for taking azimuth angles, are usually a good option. 64 

3. Mark the trees with DBH ≥ 5 cm with labels and identify them to species level (the identifications can be improved 65 

once the canopy is accessed). Mark only the trees which are rooted in the plot. If the border of the plot goes through 66 

tree trunk, include the tree in the plot only if more than 50% of the trunk mass at breast height is within the plot 67 

perimeter. 68 

4. Record the position of all trees within the plot. First, select a “ZERO” point within the plot from which you can see 69 

all the trees. Clear the understory vegetation to improve the visibility if necessary. You can also use brightly coloured 70 

marks (or somebody in bright clothing standing next to the trees) to further increase the visibility of individual trees. 71 

Then record the azimuth angle (using a compass) and distance (using a measuring tape or a laser range finder) of 72 

individual trees from this point. These can be later easily transformed into x and y coordinates.  73 

5. Optional. If visibility cannot be improved by removing some of the understory vegetation, divide the plot into a grid 74 

(Fig. P1). Measure the position of their corner points and all the trees in individual sub-plots as described above. If this 75 

method is not possible, you can also take GPS coordinates of individual trees. However, this can be rather inaccurate 76 

compared to the previous method depending on the precision of your GPS. 77 

 78 

 79 

 80 

 81 

 82 

 83 

 84 

Figure P1. Example of a 0. 1ha plot divided into a grid with several reference points (A1-E5). Having such a grid improves 85 

accuracy of setting up the plot in densely vegetated sites. 86 

http://webslovnik.zoznam.sk/anglicko-slovensky/azimuth-angle
http://webslovnik.zoznam.sk/anglicko-slovensky/azimuth-angle
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2.0 Arthropod sampling 87 

In temperate (and other seasonal) forests, sampling needs to be spread seasonally within each target tree species to 88 

capture the seasonal variability in associated arthropod communities. Create a sampling plan according to the 89 

phenology in the focal region (e.g. spread your sampling across both the spring and summer peak of arthropod 90 

abundance if such peaks are typical).  Avoid sampling all conspecific trees in one part of the season if possible. 91 

Spreading sampling across the season may be problematic in the case of singleton tree species. Some methods, such 92 

as forest felling, provide limited flexibility for seasonal targeting of singleton tree species as trees cannot be resampled 93 

and the data thus represent a single time-point. On the other hand, sampling from cranes or cherry-pickers provides 94 

more flexibility. If there are any singleton tree species in your crane or cherry-picker plot, sample half of their canopy 95 

during the (spring) peak of arthropod abundance, while the second half can be sampled later in the season. 96 

2.1 Arthropod sampling from felled trees 97 

General notes           98 

First, prepare a sampling plan to establish an ideal sequential order from which trees should be felled. Make sure 99 

individual tree species have a similar proportion of individuals sampled in different parts of the season. Clear the 100 

understorey. Start with felling small trees. Once enough small trees are gone and a sufficient space is opened, proceed 101 

with the larger trees. Always start with trees that are least likely to fall in a manner which may destroy other trees. 102 

This will minimize disturbance to the plot.  103 

Trees should be felled one at a time. It is necessary to finish sampling on the same day as the tree was felled. All 104 

arthropods should be sampled as quickly as possible. This will prevent them from escaping or being predated. 105 

Sampling should be done only during the day and when the leaves are not too wet. Avoid sampling in heavy rain, or 106 

directly after heavy rain (give the leaves some time to dry). Also avoid sampling during strong wind.  107 

Divide sampling responsibilities within your team. If the size of your team allows, form sorting and sampling teams. 108 

Forming a sorting team, which will start pre-sorting samples in the field, will speed-up the final sorting in the lab; 2-3 109 

team members are usually enough for pre-sorting. 110 

There should be always skilled researchers and entomologists present in the field supervising the sampling and sample 111 

processing. Other team members should specialize primarily on a single arthropod group (leaf-chewing larvae, miners, 112 

or galls etc.) and be trained in the identification of their focal arthropod taxon prior to sampling. These specialized 113 

team members then can help other team members with assigning preliminary morphospecies and assist the skilled 114 

researcher with final morphotyping (see below). 115 

Sampling steps              116 

1. Select the tree to be felled according to your sampling plan. Measure 117 

its DBH (at 1.3 m).  118 

2. Fell the tree 119 

3. Measure its total height, trunk height, and canopy width. Trunk 120 

height is measured to the first major branch. Canopy width is measured 121 

at the widest point of the canopy. Record this into ‘Plant Formʼ. 122 

4. Record whether the leaves are mature or young (developing). In 123 

temperate forests, almost all leaves on a tree will be either mature or 124 Figure P2. Measuring a felled tree in Numba. 
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young at the time of sampling. In the tropics, this may not be the case so record mature and young leaves separately 125 

(see below in Leaf area estimates). 126 

5. Sample the focal arthropod groups systematically by a manual search 127 

(see details on sampling of individual arthropod groups below). Hand 128 

the samples to the sorting team (if there is any) regularly during 129 

sampling. This is a much more efficient strategy than passing the 130 

samples all at once after the sampling is finished.  131 

6. After the sampling, estimate what percentage of the foliage was 132 

sampled for arthropods (since part of the canopy usually gets destroyed 133 

during felling and you cannot sample herbivores from it). Record in 134 

‘Plant Formʼ. Estimates should be done by two trained persons 135 

independently and the mean estimated value should be used. This 136 

provides more accurate results.  137 

These are the following arthropod groups to be sampled: 138 

Leaf-chewing insect larvae                           139 

Search for all free-living and semi-concealed larvae. Check all rolled, tied, or folded leaves. Sample each larva in a 140 

separate rearing container. Gregarious larvae can be placed into a single large container, record their quantity. 141 

Containers should be available in various sizes suitable for larvae of different sizes. Provide a reasonable amount of 142 

leaves based on the size of the larva. The leaves should be of the same age the larva was sampled from (i.e. mature or 143 

young). Provide the larva with both young and mature leaves if you are not sure what leaves the larva was feeding on. 144 

Do not overfill the container with leaf material and keep it in the shade. 145 

Miners                                                                                                                                                                                                                       146 

Sample all active and record all abandoned mines. When sampling mines try to assign them to preliminary 147 

morphospecies based on their shape, size, and position on the leaf. Mainly, separate blotch and serpentine mines. 148 

Keep your preliminary morphospecies in separate bags. Your preliminary morphotyping will be later corrected by an 149 

expert during final processing, but doing preliminary morphotyping and keeping your preliminary morphospecies in 150 

separate bags will speed up the final sorting.  151 

Active mines 152 

 Do not sample just the leaf with the mine. Mines will last longer if the leaf is attached to a twig with a couple of 153 

other leaves (but make sure that no other mine morphospecies are on the same leaves). 154 

 Put all active mines from one morphospecies in one bag (they will be separated later). If you are not sure whether 155 

the mine is active or abandoned, sample it (it can be checked in detail later) and put it among other active mines 156 

from the respective morphospecies. Do not overfill the bag with leaf material and keep it in a shade. 157 

 Sample up to ca 100 active mines per morphospecies only (50 will be used for rearing, 10 will be put in ethanol, 158 

and the rest will serve as a reserve in case some mines you sampled are inactive).  159 

 The mines exceeding 100 can be simply counted (or their abundance can be estimated if there are many of them; 160 

see below). Record the number exceeding 100 into your notebook and report it to the sorting team after sampling. 161 

Always confirm with the expert assigning mines to final morphospecies that these mines are truly from a single 162 

morphospecies before you stop sampling them. 163 

 164 

Figure P3. Sampling arthropods from a small 

felled tree in Toms Brook. 
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Abandoned mines 165 

 Usually, you do not have to sample all abandoned mines. Just count their number or estimate their abundance 166 

visually in the event where there are too many of them (see below; but always confirm with the expert assigning 167 

mines to final morphospecies that these mines are truly from a single morphospecies). Record their number into 168 

your notebook and report it to the sorting team after finishing the sampling. 169 

 Sample abandoned mines only if you do not have any active mine of that morphospecies available or assigning to 170 

clear morphospecies is problematic.  171 

Gallers                172 

 Sample all galls on all above-ground plant parts. When sampling galls, try to assign them to preliminary 173 

morphospecies. Mainly, focus on the plant part galled and shape of the gall. Your preliminary morphotyping will 174 

be later corrected by the expert doing the final processing, but doing preliminary morphotyping and keeping your 175 

preliminary morphospecies in separate bags will speed up the final sorting. It can be hard to distinguish arthropod 176 

and fungal galls. If unsure, sample all galls. Fungal galls can be identified in the laboratory and later removed from 177 

the analysis. 178 

 Sample galled plant parts by detaching from the tree. If the galls are to be reared, and are in low numbers, galls 179 

will last longer if the plant part is attached to a twig with a couple of leaves. Otherwise, sample only the galled 180 

plant parts, preferably with active (inhabited) galls. 181 

 Put different morphospecies in separate collecting bags. Do not overfill the bags and keep them in the shade. 182 

 Sample enough galled material for each morphospecies to provide healthy quantities for rearing and dissection. 183 

What is considered a "healthy quantity" is dependent on the available resources (space, manpower, etc.) for 184 

rearing and dissecting, and the size of the galls. The more material reared and dissected, the better the chances 185 

of yielding insightful information to aid the species concept. Therefore, it would be ideal to rear at least 10 galled 186 

parts and retain at least 10 galls for dissection, per morphotype. 187 

 Unsampled galls can be counted (or their abundance estimated if there are many of them; but always confirm 188 

with the expert assigning galls to final morphospecies that these galls are truly from a single morphospecies). 189 

Record the unsampled number into your notebook and report it to the sorting team after sampling. 190 

Abundance estimates for very abundant mines and galls        191 

Some abandoned leaf mines or gall morphospecies can be very abundant, which means counting them may take an 192 

excessive time investment. Instead of counting them individually, you can estimate their abundance in such cases. 193 

Mine and gall density can sometimes largely differ among various parts of the canopy. It is thus necessary to do the 194 

estimates repeatedly in various parts of the canopy.  195 

 Select a reasonably large branch (ca 100-500 leaves) and count number of leaves and number of mines or galls on 196 

this branch. Divide their number by the number of leaves to calculate mine or gall per leaf average for this branch. 197 

Repeat this procedure at various parts of the canopy (at least three in the case of smaller trees and at least five in 198 

the case of larger trees). Use the averages to calculate a mean mine or gall density per individual leaf. Record this 199 

value. This can be used for estimating total mine or gall density once the total number of leaves is calculated. 200 

 Some mite galls can be highly abundant (hundreds of galls per leaf). In such a case, pick only 20 leaves in random 201 

and calculate gall/leaf average. Repeat this procedure at various parts of the canopy (at least three in the case of 202 

smaller trees and at least five in the case of larger trees). Use the averages to calculate final mean gall density per 203 

individual leaf. Record this value. This can be used for estimating total gall density once the total number of leaves 204 

is calculated. Use this approach scarcely and only when really needed; e.g. in cases when more than 50% of leaves 205 

are galled. 206 
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 It is always better if the estimates are done by two specially trained persons using the mean estimate as a final 207 

value as it may provide more accurate results. 208 

Spiders              209 

Sample spiders into a vial with ethanol. All spiders from one tree can go into one vial but do not overfill it. Divide the 210 

spiders into more vials as needed to ensure a good proportion between ethanol and the sampled individuals. Similarly 211 

to ants (see below), sample spiders also from all lianas and epiphytes associated with the sampled tree. 212 

Ants               213 

Three people should be collecting ants (1 ant-trained staff member supervising 2 assistants) in tropical areas. In the 214 

temperate zone, where vegetation is less complex, two persons are enough. Sampling of foragers is done first 215 

immediately after felling. This helps to avoid contamination by ants invading the felled tree from the ground. After 216 

sampling for foragers is complete, collection continues with a search for individual nests.   217 

Starting from the base of the tree (trunk) towards its crown, search carefully for any ants present on the fallen tree, 218 

especially those: 219 

- foraging on the tree 220 

- nesting on the leaves (silk or carton nest, weaved leaf nests etc.) 221 

- living on and inside of the branches or twigs (Fig. P4) 222 

- in the tree cavities 223 

- under the bark 224 

- under the lianas attached to the tree 225 

- in the epiphytes on the tree, especially in the soil around their roots 226 

- in any other suitable place where ants can occur 227 

 228 

 We record several extra pieces of information for ants (such as their position on the tree, nest type etc.). This 229 

information should be recorded immediately after sampling, and recorded on both the labels and the ‘Ant 230 

protocolʼ (see the example below). Do not wait till final processing to record this information. 231 

 For all foragers, record their position on the tree – T (trunk below the branches) or C (crown – branches). All 232 

foraging ants (without a known nest) from one tree and similar height (T vs. C) can go together in one vial – this 233 

vial can contain a mix of different species If there is more than one vial with ants, mark each collection with a 234 

number: 1, 2, 3… 235 

 For all nests, record their position (crown vs. trunk plus the vertical height above ground in meters), nest site type, 236 

and nest dimensions. Estimate the number of ant individuals in the nest. Record this information immediately 237 

after finding the nest. The examples of nest site types are listed below. 238 

 Take vouchers of ant nests for photography (see Sample processing and insect rearing). 239 

 Smaller colonies should be collected whole – including eggs, larvae and pupas and allates. Information as to 240 

whether the colony was collected as a whole is marked in the protocol and on labels. 241 

Figure P4. Ants often nest inside twigs and other 

host tree tissues. Do not forget to inspect even 

small twigs for ant nests. Use an axe or a chainsaw 

to cut open trunk and branches cavities for nests. 
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 If the colony is too big (thousands of individuals), collect just part of it (20-50 individuals typically). Always try to 242 

sample all castes you can find as well as immature stages. Vials should be filled no more than halfway (1/2) with 243 

insects, the upper half should contain only ethanol to permit later molecular analysis (e.g. species barcoding). Use 244 

2 ml vials for small samples. Use larger (e.g. 8 ml) vials for large bodied ants or larger colony samples.  245 

 Ants from one colony (nest) should always be collected into one vial. They can be split in two, if there are too many 246 

ants for one vial – especially for big ants. In this case, each vial has to get its own label but with duplicated 247 

information. Don’t mix ants from different colonies. 248 

 Record if the host trees, or the ant-associated epiphytes, are myrmecophytes. Note if the plant contained ant 249 

domatia or nectaries (see an example of ‘Ant protocolʼ below). Assigning plants as myrmecophytes or non-250 

myrmecophytes can be difficult in tropical regions with poorly known flora and ant associations. Therefore, it is 251 

always crucial to record all the additional information as described above. The information on the location of the 252 

nest in dead or living tissue and trunk or branches can be especially helpful. 253 

 254 

2.2 Arthropod sampling from cranes and cherry-pickers 255 

General notes              256 

 First prepare a sampling plan, outlining the order in which the 257 

trees should be sampled. The primary aim here should be to 258 

account for seasonality. If the herbivore composition changes 259 

with the seasonal, ensure that you distribute sampling of 260 

conspecific tree individuals across the season. Avoid sampling all 261 

conspecific tree individuals in one part of season. If there are 262 

singleton tree species in your plot, sample 50% of their canopy 263 

in early season and the other 50% in later season.  264 

Sampling should be done only during the day and when the 265 

leaves are not very wet. Avoid sampling in heavy rain, or directly 266 

after heavy rain (give the leaves some time to dry). Also avoid sampling during windy weather. 267 

Divide sampling responsibilities within your team. If the size of your team allows, form sorting and sampling teams. 268 

Forming a sorting team, which will start pre-sorting samples in the field, will speed-up the final sorting in the lab; 2-3 269 

team members are usually enough for the pre-sorting. Ideally, there should be a skilled researcher present in both 270 

teams. 271 

Sampling steps             272 

1. Follow your sampling plan to select the tree to be sampled.  273 

2. Measure the tree. First, measure the DBH (at 1.3 m). Then measure total height, trunk height, canopy width using 274 

a laser range finder. Trunk height is measured to the first major branch. Canopy width is measured at the widest point 275 

of the canopy. Record these values in ‘Plant Formʼ. 276 

Nest types (write on the back side of your labels): 

i) under the bark, ii) in hollow trunk, iii) in hollow live branch (= branch more than 5cm in diameter), iv) in hollow 

live twig (= branch less than 5cm in diameter, v) in hollow dead/dry branch, vi) in hollow dead/dry twig, vii) in 

hollow liana, vii) in/under epiphyte roots (or aerial soil), viii) inside of myrmecophytic epiphyte, ix) under liana, 

x) silk/carton nest on leaf, xi) carton nest on trunk/branch, xii) no nest (used for foraging individuals). 

Figure P5. Canopy sampling and ground sample 

sorting in Tomakomai.  
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3. Record whether the leaves are mature or young (developing). In temperate forest, almost all leaves on a tree will 277 

be either mature or young at the time of sampling. In the tropics, this may not be the case so record mature and young 278 

leaves separately (see Leaf area estimates for more details). 279 

4. Sample the focal arthropod groups. First, use a beating net to obtain free living arthropods. Second, do a manual 280 

search to obtain remaining caterpillars, ants and spiders and also herbivores concealed in rolled or tied leaves, galls 281 

and mines. Hand the insect samples to the ground team during the sampling regularly. This is much more efficient 282 

strategy than passing the samples all at once after finishing sampling. 283 

5. After the sampling, estimate what percentage of the foliage was sampled for arthropods. Record it into the ‘Plant 284 

Formʼ. This should be done by the canopy team. Estimates should be done by two trained persons independently and 285 

the mean estimated value should be used. This provides more accurate results. 286 

6. Record the number of leaves inspected for arthropods (see the instructions below in Leaf area estimates). Canopy 287 

team should report this value to the ground team immediately after sampling. 288 

 289 

 290 

Sampling low accessibility parts of the canopy 

Some parts of the canopy (usually understory trees or lower branches of large trees) can be inaccessible from 

cranes or cherry-pickers. In such cases, you can use sampling from the ground, from ladders, or by climbing. If 

climbing is necessary, it usually requires forming a specialized climbing team consisting of 1-2 specially trained 

team members. 

 Trees with height of 2-3 m can usually be sampled directly from the ground. Be careful not to break any 

branches or the trunk. Rather than bending such a tree by a brutal force, use a ladder. 

 We used “A” shaped step ladders for sampling up to 3-5 m above ground (depending on the type, its 

stability, and terrain). In the case of large trees with sufficient trunk diameter, extension ladders fixed to 

the trunk can be also used for reaching similar heights. Always make sure the ladder is stable. During our 

sampling, the person on the ladder was always assisted by at least one person on the ground. We avoided 

using this type of ladder on sloped terrain.  

 For sampling at greater heights or on sloped terrain, modular ladder poles are more efficient and stable. 

We used ladder poles for sampling at up to 8 m above ground. But note that this may differ depending on 

the type you use and its maximum load. The ladder poles should be ideally equipped with a steel fork at 

the basis that ensures good stability of the pole in the ground. We secured the ladder pole to the trunk of 

the tree with harnesses to prevent it from slipping. The person on the ladder was always assisted by at 

least one person on the ground. 

 Trees even higher above ground, which are inaccessible from cranes or cherry-pickers, can be sampled by 

climbing. Descending from the gondola can ensure that even the terminal branches can be reached. But 

this method is usually time consuming. Also, it can only be carried out by a skilled person with proper 

training. 

 Untrained or inexperienced team members should never sample from ladders or climb the trees. 

 Always read and carefully follow safety instructions which may apply to working in the field, to working at 

heights, to working from ladders, or to climbing. This protocol cannot be used as a source of such 

information. You must obtain all the safety regulations from elsewhere and follow them. 
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These are the following arthropod groups to be sampled: 291 

Leaf-chewing insect larvae            292 

Collect all leaf-chewing larvae from the beating net. Then search for all free-living and semi-concealed larvae. Check 293 

all rolled, tied, or folded leaves. Sample each larva in a separate rearing container. Gregarious larvae can be sampled 294 

into a single large container, record their quantity. Containers should be available in various sizes suitable for larvae 295 

of different sizes. Provide a reasonable amount of leaves based on the size of the larva. The leaves provided should be 296 

of the same age as those the larva was sampled from (i.e. mature or young). Provide the larva with both young and 297 

mature leaves if you are not sure what leaves the larva was feeding on. Do not overfill the container with leaf material 298 

and keep it in a shade. 299 

Miners               300 

Sample all active and record all abandoned mines. When sampling mines try to assign them to preliminary 301 

morphospecies based on their shape, size, and position on the leaf. Specifically, separate blotch and serpentine mines. 302 

Keep your preliminary morphospecies in separate bags. Your preliminary morphotyping will be later corrected by an 303 

expert during final processing, but doing preliminary morphotyping and keeping your preliminary morphospecies in 304 

separate bags will speed up the final sorting. 305 

Active mines:  306 

 Do not sample just the leaf with the mine. Mines will last longer if the leaf is attached to a twig with a couple of 307 

other leaves (but make sure that no other mine morphospecies are on the same leaves). 308 

 Put all active mines from one morphospecies in one bag (they will be separated later). If you are not sure whether 309 

the mine is active or abandoned, sample it (it can be checked in detail later) and put it among other active mines 310 

from the respective morphospecies. Do not overfill the bags with leaf material and keep them in a shade. 311 

 Sample up to ca 100 of active mines per morphospecies only (50 will be used for rearing, 10 will be put in ethanol, 312 

and the rest will serve as a reserve in case some mines you had sampled are inactive).  313 

 The mines exceeding 100 can be simply counted (or their abundance can be estimated if there are many of them). 314 

Record the number exceeding 100 into your notebook and report it to the sorting team after sampling. Always 315 

confirm with the expert assigning mines to final morphospecies that these mines are truly from a single 316 

morphospecies before you stop sampling them. 317 

Abandoned mines:  318 

 Usually, you do not have to sample all abandoned mines. Just count their number or estimate their abundance 319 

visually in the event where there are too many of them (see below; but always confirm with the expert assigning 320 

mines to final morphospecies that these mines are truly from a single morphospecies). Record their number into 321 

your notebook and report it to the sorting team after finishing the sampling. 322 

 Sample abandoned mines only if you do not have any active mine of that morphospecies available or assigning to 323 

clear morphospecies is problematic.  324 

Gallers               325 

 Sample all galls on all above-ground plant parts. When sampling galls, try to assign them to preliminary 326 

morphospecies. Specifically, focus on the plant part galled and shape of the gall. Your preliminary morphotyping 327 

will be later corrected by an expert during the final processing, but doing preliminary morphotyping and keeping 328 

your preliminary morphospecies in separate bags will speed up the final sorting. It can be hard to distinguish 329 
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arthropod and fungal galls. If unsure, sample all galls. Fungal galls can be identified in the laboratory and later 330 

removed from the analysis. 331 

 Sample galled plant parts by detaching from the tree. If the galls are to be reared, and are in low numbers, galls 332 

will last longer if the plant part is attached to a twig with a couple of leaves. Otherwise, sample only the galled 333 

plant parts, preferably with active (inhabited) galls. 334 

 Put different morphospecies in separate collecting bags. Do not overfill the bags and keep them in the shade. 335 

 Sample enough galled material for each morphospecies to provide healthy quantities for rearing and dissection. 336 

What is considered a "healthy quantity" is dependent on the available resources (space, manpower, etc.) for 337 

rearing and dissecting, and the size of the galls. The more material reared and dissected, the better the chances 338 

of yielding insightful information to aid the species concept. Therefore, it would be ideal to rear at least 10 galled 339 

parts and retain at least 10 galls for dissection, per morphotype. 340 

 Unsampled galls can be counted (or their abundance estimated if there are many of them; but always confirm 341 

with the expert assigning galls to final morphospecies that these galls are truly from a single morphospecies). 342 

Record the unsampled number into your notebook and report it to the sorting team after sampling. 343 

Abundance estimates for very abundant mines and galls        344 

Some abandoned leaf mines or gall morphospecies can be very abundant, which means counting them may take an 345 

excessive time investment. Instead of counting them individually, you can estimate their abundance in such cases. 346 

Mine and gall density can sometimes largely differ among various parts of the canopy. It is thus necessary to do the 347 

estimates repeatedly in various parts of the canopy.  348 

 Select a reasonably large branch (ca 100-500 leaves) and count number of leaves and number of mines or galls on 349 

this branch. Divide their number by the number of leaves to calculate mine or gall per leaf average for this branch. 350 

Repeat this procedure at various parts of the canopy (at least three in the case of smaller trees and at least five in 351 

the case of larger trees). Use the averages to calculate a mean mine or gall density per individual leaf. Record this 352 

value. This can be used for estimating total mine or gall density once the total number of leaves is calculated. 353 

 Some mite galls can be highly abundant (hundreds of galls per leaf). In such a case, pick only 20 leaves in random 354 

and calculate gall/leaf average. Repeat this procedure at various parts of the canopy (at least three in the case of 355 

smaller trees and at least five in the case of larger trees). Use the averages to calculate final mean gall density per 356 

individual leaf. Record this value. This can be used for estimating total gall density once the total number of leaves 357 

is calculated. Use this approach scarcely and only when really needed; e.g. in cases when more than 50% of leaves 358 

are galled. 359 

 It is always better if the estimates are done by two specially trained persons using the mean estimate as a final 360 

value as it may provide more accurate results. 361 

Spiders              362 

Sample spiders into a vial with ethanol. All spiders from one tree can go into one vial but do not overfill it. Divide the 363 

spiders into more vials as needed to ensure a good proportion between ethanol and the sampled individuals. 364 

Ants               365 

Sample ants foraging on the foliage and canopy branches into a vial with ethanol. All foraging ants from one tree can 366 

go into one vial but do not overfill it. Divide the ants into more vials in such a case to ensure a good proportion between 367 

ethanol and the sample. Note that while the sampling from a crane or a cherry picker allows to do a rapid assessment 368 

of ant foragers in the canopy, it is not comparable to the ant census using felling.  In the case of felling, both whole 369 
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trunk and canopy, as well as individual nests outside and inside the host tree tissue and the associated epiphytes and 370 

lianas can be sampled, measured, and distinguished from foragers (see 2.1). 371 

3.0 Leaf area estimates and plant vouchers 372 

Sample leaves for leaf area estimates as specified below. We estimate leaf area of mature and young leaves separately 373 

as they can harbour different herbivores. We define mature leaves as fully developed in terms of their size and 374 

thickness. Young leaves are still developing. We define young leaves as leaves which haven’t reached their full size or 375 

are much softer than mature leaves. Usually, they are also more lightly coloured than mature leaves.  376 

In addition to the leaf area estimates, use this step to obtain herbarium vouchers, which will help with confirming 377 

host-plant identification, or to measure herbivory damage. Follow standard protocols for sampling plant vouchers (e.g. 378 

Funk et al. 2017). Sampling plant vouchers is especially useful in areas with high tree diversity. To avoid wilting, sample 379 

vouchers in plastic bags and mark them with tags. A voucher should include a stem bearing multiple leaves and an 380 

apical bud. Always sample flowers or fruits if present. Obtain at least three vouchers from around a canopy of each 381 

tree sampled. Press and dry the vouchers on the same day they were collected. The vouchers can be later used for 382 

DNA isolation and DNA barcoding to provide additional information on species identification. 383 

 384 

3.1 Leaf area estimates for felled trees 385 

1. Sample foliage for biomass estimates (Fig. P6).  386 

i) After you have sampled the tree for arthropods, place all foliage from the 387 

canopy into bags and weigh it. For large trees (ca DBH>30 cm), you can 388 

sample 25% or 50% of the foliage and extrapolate the results if your team 389 

is small in order to speed up the process. Record the weight into the ‘Plant 390 

Formʼ. Sample and weigh mature and young leaves separately if both 391 

young and mature leaves are present. These values will be used for 392 

separate estimates of young and mature leaf area.  393 

ii) Avoid sampling leaves for biomass estimates when the foliage is wet 394 

and only sample leaves which have no other plants attached.  395 

2. Sample leaves for calculating leaf area. 396 

i) This includes obtaining individual leaves from across the canopy. A good method is to use the leaves sampled for the 397 

biomass estimate for this. Mix the leaves sampled for the biomass estimate in a bag and randomly pick some of them 398 

for calculating leaf area. Only use leaves which were not mechanically damaged during the sampling (but include those 399 

damaged by herbivores, pathogens, etc.). 400 

ii) For small trees (ca. DBH < 15 cm), pick enough leaves (depending on their size) to fill a 50x50 cm white frame (Fig. 401 

P7). For larger trees or trees with large leaves, pick enough leaves to fill two frames (this is to cover the variability in 402 

Figure P6. Leaf biomass sampling in Mikulcice.  

Note: Although not discussed in this study, the sampled leaves can also be used for measuring leaf physical traits 

and nutrient content that can be relevant for structuring insect-plant interaction networks. Sampling leaves for 

measuring secondary metabolites usually requires special protocols and a separate sampling campaign. For 

example, the samples need to be cooled or frozen immediately after the sampling to avoid degradation and 

oxidation.  
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leaf sizes and shapes across the canopy of such trees). Sample young and mature leaves separately if there are both 403 

mature and young leaves present. 404 

3. Take a photo of the leaves for the leaf area estimate. 405 

i) Place the leaves for calculating leaf area into a 50x50 cm white frame (Fig. P7). Use as many leaves as possible but 406 

make sure they do not overlap or cross the frame border line. 407 

ii) Leaves should be flat. Use some dark heavy objects (e.g. stones or coins) to flatten the leaves if necessary (but do 408 

not cover herbivory damage). 409 

iii) Place a paper label with the tree number, the frame number (in case you take photos of more than one frame), and 410 

the leaf stage next to the frame so it is visible in the photo. 411 

iv) Position the camera on a tripod right above the frame so that the frame appears on the camera display as a square.  412 

v) Avoid strong light and shade contrasts during the photographing. Try to carry out this task with same camera settings 413 

to keep light levels consistent throughout the project.  414 

vi) Once you take the photo, weigh the leaves. Record their total weight and their total number into the ‘Plant Formʼ. 415 

vii) If present, repeat this procedure for young and mature leaves separately.  416 

viii) The resulting photos will be processed in ImageJ, Photoshop or other suitable software. In summary, the 417 

measurement is based on counting the number of pixels occupied by leaves vs. the number of pixels occupied by the 418 

background within a known area (here 2500 cm2)). Missing leaf area or the area damaged by galls and mines can also 419 

be quantified using a similar approach in order to measure herbivory damage. Do not forget to correct for lens 420 

distortion, if needed. This can be especially important if you use a wide-angle lens. See existing protocols for details 421 

on leaf processing (e.g. Bito et al. 2011). The total sampled leaf area will be calculated using the total leaf biomass and 422 

the area to weight ratio from the photographed sample. 423 

 424 

 425 

 426 

 427 

 428 

 429 

 430 

3.2 Leaf area estimates for trees sampled from cranes and cherry-pickers 431 

1. Estimate number of leaves on the tree. 432 

i) Leaf number estimates must be done during the arthropod sampling. 433 

ii) After you have sampled a part of the canopy for arthropods, select a reasonably large branch (with ca 500 leaves) 434 

within it and count how many leaves there are exactly (= value “A”). 435 

Figure P7. Preparing 50x50 cm leaf 

frames for photography and a final 

photograph of the frame. Note that 

the leaves are flattened by dark 

stones and there is a label with the 

tree number in the bottom corner of 

the frame. 
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iii) Count how many branches of that size there are in the part of the canopy you have just sampled (= value “B”). Do 436 

this regularly. Avoid doing this across large parts of the canopy (“B” should be 5- 10, optimally). 437 

iv) Multiply “A” with “B”. Record this into your notebook as a local number of leaves (“C”).  438 

v) Repeat this procedure for each part of the canopy you sample. 439 

vi) Once you finish sampling, count the sum of “C” values and report it to the ground team who will record it into ‘Plant 440 

Formʼ as the total number of sampled leaves. 441 

vii) Visually estimate what percentage of leaves is young and what percentage is mature if both young and mature 442 

leaves are present. 443 

2. Sample leaves for calculating leaf area. 444 

i) Drive the gondola all around the canopy and sample leaves in random and bring them to the ground. 445 

ii) In the case of small trees (ca. DBH < 15 cm), pick enough leaves (depending on their size) to fill a 50x50 cm white 446 

frame (Fig. P2). In the case of larger trees or trees with large leaves, sample enough leaves to fill two frames (this is to 447 

cover variability in leaf sizes and shapes across canopy of such trees). Sample young and mature leaves separately if 448 

there are both mature and young leaves present. 449 

3. Take a photo of the leaves for the leaf area estimate. 450 

i) Place the leaves for calculating leaf area into a 50x50 cm white frame (Fig. P7). Use as many leaves as possible but 451 

make sure they do not overlap or cross the frame border line. 452 

ii) Leaves should be flat. Use some dark heavy objects (e.g. stones) to flatten the leaves if necessary (but do not cover 453 

herbivory damage). 454 

iii) Place a paper label with the tree number, the frame number (in case you take photos of more than one frame), and 455 

the leaf stage next to the frame so it would be visible on the photo. 456 

iv) Position the camera on a tripod right above the frame so that the frame appears on the camera display as a square. 457 

v) Avoid strong light and shade contrasts during the photographing. Try to carry out this task with same camera settings 458 

to keep light levels consistent throughout the project.  459 

vi) Once you take the photo, weigh the leaves. Record their total weight and their total number into the ‘Plant Formʼ. 460 

vii) If present, repeat this procedure for young and mature leaves separately. 461 

viii) The resulting photos will be processed in ImageJ, Photoshop or other suitable software. In summary, the 462 

measurement is based on counting the number of pixels occupied by leaves vs. the number of pixels occupied by the 463 

background within a known area (here 2500 cm2)). Missing leaf area of the area damaged by galls and mines can be 464 

also quantified using a similar approach to measure herbivory damage. Do not forget to correct for lens distortion, if 465 

needed. This can be especially important if you use a wide-angle lens. See existing protocols for details on leaf 466 

processing (e.g. Bito et al. 2011). The total sampled leaf area will be calculated using the estimated total number of 467 

leaves on the tree multiplied by the mean leaf size of the photographed sample. 468 

 469 
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4.0 Sample processing and insect rearing 470 

There can be a dedicated sorting team in the field (Fig. P8). Typically it may 471 

consist of 2-3 team members. If all team members are occupied by 472 

arthropod sampling, sample processing should be done immediately after 473 

returning from the field. The sorting team’s main responsibilities are 474 

recording information into spread-sheets, sample sorting, labelling, and 475 

photographing of morphospecies and leaves.  476 

The sorting team should include team members skilled and trained in 477 

morphotyping arthropods. The initial morphotyping is done de novo within 478 

each individual tree. The morphospecies will be cross-referenced across all 479 

individual trees once the sampling is finished. This reduces the amount of error compared to using a system of creating 480 

morphospecies across all trees within the plot or even multiple plots. Make sure that all arthropod individuals from a 481 

given group are always morphotyped by the same person when sorting arthropods from a single tree. Minimize the 482 

number of persons involved in the morphotyping. Give this task only to the team members with a proper training. This 483 

will increase the consistency in morphotyping and lower the amount of errors.  484 

General notes 485 

1. Record all information about the host-plant into the ‘Plant Formʼ. 486 

2. Label and sort all arthropod specimens. When taking arthropod vouchers, follow available standard protocols (e.g. 487 

Millar, Uys & Urban 2000; Schauff 2001). 488 

Leaf-chewing insect larvae            489 

 Morphotype leaf-chewing larvae based on their morphology (e.g. size, coloration, descriptions of hairs/ spines 490 

etc.). Record morphological characteristics of each morphospecies in your notebook. It will help you to 491 

morphotype further larvae.  492 

 A maximum of up to 50 larvae per morphospecies should be kept for rearing. Each larva is to be kept separately 493 

in a rearing container with the exception of gregarious larvae. Keep gregarious larvae from one nest together in 494 

one large zip-lock bag or container. Record the number of gregarious larvae on the label in this event.  495 

 If there are more than 50 larvae per given morphotype (this happens rarely): 496 

i) Larvae 51-75 should be preserved in ethanol. Each larva should be kept in a separate vial and labelled with 497 

a standard label. 498 

ii) Larvae 76-x can be discarded. Fill the number of discarded larvae into the ‘Plant Formʼ. 499 

 Label each kept larva (use only one label per nest of gregarious larvae). Record the following information on the 500 

label: 501 

i) Unique Identifier (it can be pre-printed) 502 

ii) Locality  503 

iii) Tree ID number (unique number for each tree in the plot) 504 

iv) Morphospecies  505 

v) Body length (in mm) 506 

vi) Feeding on the host (yes/no) – to be confirmed later in the laboratory 507 

vii) Leaf age (record whether the larva was found on mature or young leaves) 508 

viii) Mode of feeding (chewing, rolling, tying, skeletizing) 509 

ix) Parasitized (yes/no) – to be filled in later based on the result of the rearing 510 

x) Reared to adult (yes/no) – to be filled in later based on the result of the rearing 511 

xi) Preserved in ethanol (yes/no) 512 

Figure P8. Sorting team in Tomakomai.  
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 Photograph at least one larva per morphospecies. First, take a photo of the larva in detail. All important 513 

morphological characteristics (number of prolegs, setae, dorsal and lateral lines, head capsule etc.) should be 514 

visible. Take pictures from both the dorsal and lateral view (Fig. P9). Afterwards, take a photo of the same larva 515 

together with its label including all information. 516 

 517 
   518 
 519 
 520 
 521 
 522 
 523 

 524 

 525 

 526 

 527 

 528 

 529 

Figure P9. Morphospecies photos of a caterpillar. 530 

Mines               531 

 Morphotype mines based on their morphology. Record morphological characteristics of each morphospecies in 532 

your notebook. (Specifically, record whether it is a blotch or a serpentine mine, on what side of the leaf is it visible, 533 

and colour of the frass if there is any). It will help you with morphotyping future mines. 534 

 Separate inactive mines and count them. Add this number to the number of inactive mines of the respective 535 

morphospecies reported by the sampling team and record their number into the ‘Plant Formʼ. If you have only 536 

abandoned mines for some morphospecies, keep a mine of that morphospecies for labelling and photographing. 537 

 Up to 50 active mines per morphospecies should be reared in zip-lock bags.  538 

 Up to 10 other mines of the same morphospecies should be dissected. If there are less than 60 active mines in 539 

total, dissect every second mine out of first ten mines and every fifth mine of the rest. Put the dissected larvae (or 540 

any other larger remains, e.g. head capsules) in a vial with ethanol and a standard miner label. 541 

 If there are more than 60 active mines, discard them. Add the number of mines you discarded to the number of 542 

active mines counted (but not sampled) by the sampling team (Sampling team should report this number to you). 543 

Record this number in the ‘Plant Formʼ. 544 

 Mines will last longer if the leaf is attached to a branch with a couple of other leaves. Do not separate them if you 545 

plan to rear them. 546 

 Each mine is to be reared in a separate zip-lock bag. However, if there are several miners per one leaf, do not 547 

separate them. You may keep them in one zip-lock bag but put a corresponding number of labels inside. 548 

 Label each morphospecies or larva preserved in a vial. Record following information on the label: 549 

i) Unique Identifier (it can be pre-printed) 550 

ii) Locality  551 

iii) Tree ID number (unique number for each tree in the plot) 552 

iv) Morphospecies  553 

v) Leaf age (record whether the mine was found on mature or young leaves) 554 

vi) Active/abandoned 555 

vii) Parasitized (yes/no) – to be filled in later based on the result of the rearing 556 

viii) Reared to adult (yes/no) – to be filled in later based on the result of the rearing 557 

ix) Preserved in ethanol (yes/no) 558 

  559 

 560 
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 Take a photo of one mine per morphospecies (Fig. P10). First, take a photo of the dorsal side in detail. Second, 561 

take a photo of the ventral side of the leaf in detail. Third, take a photo of the same mine together with its label 562 

with all information filled in and visible.  563 

 564 

 565 

 566 

 567 

 568 

 569 

 570 

 571 

 572 

Figure P10. Morphospecies photos of a mine. 573 

Galls               574 

 Morphotype galls based on their morphology (mainly, record the type of the gall according to literature (e.g. 575 

Yukawa 1996; Redfern & Shirley 2002), on what side of the leaf is it visible, and its colour). 576 

 Use the available literature and reference collections to identify fungal galls. Dissecting and examining under a 577 

microscope can be necessary for identification of fungal galls. Once you are absolutely sure about the 578 

identification, remove the fungal galls from further processing. However, if still unsure, process all galls with 579 

uncertain status. Make sure you take vouchers of such galls for further identifications by specialists. 580 

 If galls of a morphospecies are low in number (e.g. < 15), prioritise putting them in ethanol for dissection rather 581 

than rearing. 582 

 Select plant parts with the best looking galls (i.e. fresh, mature, no exit holes) for each morphospecies and rear 583 

them in one or more large zip-lock bags. All rearings of one morphospecies can be given the same label. Do not 584 

rear mite galls.  585 

 Select, preferably, 10-30 individual galls per morphospecies, remove excess plant tissue, and place in ethanol for 586 

future dissection. Don’t forget to add a vial label. 587 

 Record the following information for each gall morphospecies in a separate sheet: 588 

i) Locality  589 

ii) Tree ID number (unique number for each tree in the plot) 590 

iii) Date 591 

iv) Gall morphospecies code 592 

v) Morphospecies description or a diagram 593 

vi) Plant part which was galled 594 

vii) Number of plant parts galled and the average number of galls per plant part. (This can be made exact if all 595 

individual galls are counted). This should also include the number of galled parts left on the tree (the sampling 596 

team should tell you if there were any). Alternatively, record the average number of galls per plant part. The 597 

number of plant parts galled can be estimated as % cover of plant parts galled (this approach is used for very 598 

abundant galls, and where the total number of tree parts will be known).  599 

viii) Number of galled plant parts (or individual galls) used for rearing. 600 

 Label each morphospecies or larva preserved in a vial. Record the following information on the label: 601 

i) Locality  602 

ii) Tree ID number (unique number for each tree in the plot) 603 

iii) Date 604 

iv) Gall morphospecies code 605 
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 Take a photo of one gall per morphospecies. First, take a photo of the dorsal side in detail. Second, take a photo 606 

of the ventral side in detail. Third, take a photo of the same gall together with its label with all information filled 607 

in and visible. 608 

 609 

 610 

 611 

 612 

 613 

 614 

 615 

 616 

Figure P11. Morphospecies photos of galls. 617 

Spiders              618 

All spiders from one tree can go into one vial. Divide the spiders into more vials in the event of high spider abundance, 619 

this will ensure there is a good proportion of ethanol. Label each vial with a spider label including: 620 

i) Locality  621 

ii) Tree ID number (unique number for each tree in the plot) 622 

iii) Date 623 

Ants               624 

When sampling from felled trees, the information on foraging ants should be directly recorded during the sampling by 625 

the person responsible (see above). In the case of sampling from cranes and cherry-pickers, the information can be 626 

recorded once the sampling of the respective tree is finished. All vials with foraging ants should be labelled with an 627 

ant label including: 628 

Foraging ants: 629 

i) Locality  630 

ii) Tree ID number (unique number for each tree in the plot) 631 

iii) Date 632 

iv) Trunk/Canopy (record whether the ants were foraging on the trunk or in the canopy). 633 

v) Vial number (in case there are multiple vials with foraging ants from the respective tree) 634 

Ant nests:  635 

Ant nests are sampled only when sampling from felled trees. We record several extra pieces of information for ant 636 

nests (such as position on the tree, nest type etc.). This information should be recorded by the responsible person 637 

directly during the sampling in ‘Ant protocolʼ and ant labels. Once the sampling of the respective tree is finished, check 638 

whether the following information was recorded for all ant nests: 639 

i) Locality  640 

ii) Tree ID number (unique number for each tree in the plot) 641 

iii) Date 642 

iv) Position on the tree (vertical height in m from the ground) 643 

v) Type (description of nest site, see above) 644 

vi) Dimensions of a nest (width times height in cm, where possible to measure) 645 

vii) Number of individuals in the nest (assessment using categorical scale of number of workers, see example of the ant 646 

protocol) 647 

viii) Vial number (in case there are multiple nests collected from the respective tree, each nest should have its own vial) 648 
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After the tree is searched and all samples collected, make sure that all the vials have the proper information written 649 

on their labels, and that all information is also described in the ant protocol for each tree (and that both the 650 

protocol, and labels match). Make sure all vials are full of ethanol. Check that vials are well closed/not leaking! 651 

Take a photo of each different nest type for the common ant species, or their association with plant/symbiont species 652 

(see below). It is not necessary to take photos of all nests, but all common cases should be documented at least 3 653 

times. The photograph should include the nest label (tree number + vial number), the voucher itself, and a scaler in 654 

cm.  655 

Optional additions to the ant protocol: 656 

Although not discussed in this study, the protocol for sampling ant nests can be also used for sampling other arthropods. Apart 657 

from ants, this protocol can be used for sampling termites, and the ant/termite associated trophobionts and symbionts (aphids, 658 

scale insects, beetles, bugs etc.). If the ant protocol is extended in this way, the same procedure is followed. In this case, mark if 659 

the sample contains ants, termites, or symbionts in the protocol (see example of the protocol ( “Ant, Ter, Sym” marks) and 660 

examples of the labels). A small sample of ant individuals (1-5 workers) should be always collected with the symbionts to confirm 661 

host associations.  662 

 663 

Insect rearing              664 

All sampled larval insect herbivores should be reared to adults or parasitoids. Always protect rearing containers and 665 

bags from direct sunlight. Appropriate temperature and humidity are key factors affecting the rearing success. Always 666 

keep your rearing containers clean. Check them frequently and remove any frass or other waste to prevent growth of 667 

fungi. When taking vouchers of the reared arthropods, follow standard protocols (e.g. Millar et al. 2000; Schauff 2001), 668 

unless otherwise specified (see below). 669 

Leaf-chewers 670 

 Leaf-chewers should be reared in either plastic containers or zip-lock bags for large nests of gregarious larvae (Fig. 671 

P12). Write the most important information (host tree individual, morphotype number) on the container. This will 672 

serve as a back-up source of the most important information if the label gets mouldy or eaten by the larva.  673 

 Inspect the containers every day.  674 

 Provide larvae with fresh leaves and clean the boxes if necessary. This is usually needed every second day at least.  675 

 Put some tissue paper into the bags or containers to absorb condensed water if needed.  676 

 Record whether the larva feeds on mature or young leaves (mark it in the label). Record the mode of feeding if it 677 

hasn’t been recorded already. 678 

 Once the larvae pupate, clean the container. Remove any remaining old leaves, unless the pupa is directly attached 679 

to them. If this occurs, remove as much of the leaf tissue as possible without damaging the pupa. This will reduce 680 

the risk of fungal infection. Put some paper tissue or toilet paper inside the containers. This can either be used to 681 

absorb extra moisture (if you rear the pupae in a humid environment) or can be moistened if you rear the pupae 682 

in an environment with low air humidity. Separate the pupated individuals from the active larvae and check the 683 

container every day. 684 

 Record if the larva died or was reared to an adult or a parasitoid. If it died, mark whether it was preserved in a vial 685 

with ethanol or not. 686 

 Kill and mount every reared Lepidoptera adult. Killing by freezing will assure the best quality of DNA for barcoding. 687 

Abundant species with a known identification can be just pinned. Store adults in a dryer overnight. Place them in 688 

storage boxes once they are dry.  689 
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 Store reared parasitoids in ethanol. Label them with all of the host information as well as a unique parasitoid code. 690 

 Note that many temperate insect species overwinter as pupae and you won’t be able to rear their larvae into 691 

adults within a single season. Plan your project accordingly. 692 

 693 

 694 

 695 

 696 

 697 

 698 

 699 

 700 

 701 

Mines and galls              702 

 Mines and galls are reared in plastic bags (Fig. P12). Inspect the bags every day. 703 

 Put some paper tissue or toilet paper into the bags to absorb condensed water. 704 

 Record if the larva died or was reared to an adult or a parasitoid. If it died, mark whether it was preserved in a vial 705 

with ethanol or not. 706 

 Kill and immediately mount every reared Lepidoptera adult. Store adults in a dryer overnight. Place them in storage 707 

boxes once they are dry. Mining and galling Microlepidoptera may die relatively quickly after emerging. It is thus 708 

essential to check for emerging adults regularly, ideally twice a day.  709 

 Once dead, Microlepidoptera adults dry quickly due to their small size and are hard to relax for mounting. 710 

Therefore, if they die spontaneously in the rearing bag or container they are very difficult to mount. Store such 711 

individuals dried and fixed in Eppendorf tubes (but try to avoid such a situation in general!).  712 

 Importantly, mounting mining and galling Microlepidoptera adults requires training. Study and follow standard 713 

protocols on Microlepidoptera mounting (e.g. Landry & Landry 1994).  714 

 Adult Hymenoptera, Diptera, and Coeloptera should be preserved in vials with ethanol. 715 

 Store reared parasitoids in ethanol. Do not forget to add a label with all information on the original herbivore 716 

larva. 717 

 Mines and galls which do not emerge in 30 days can usually be discarded in tropical areas. If you are working in 718 

temperate regions, inform yourself if there are any ovewintering species associated with your focal host plants. 719 

Such species should be kept over winter. In addition, dissect a representative number of mines and galls per 720 

morhospecies before discarding. If there are any macroscopic remains of the larvae (e.g. head capsulas), preserve 721 

them in a vial and ethanol with a standard label. 722 

 723 

Figure P12. Insect rearing in Tomakomai. 

Note the caterpillars being reared in 

plastic containers placed in the shelves. 

Gallers and miners are reared in plastic 

bags hanging on the wall. All larvae are 

checked regularly 
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 724 

 725 

 726 

 727 

 728 

 729 

 730 

 731 

 732 

 733 

 734 

 735 

 736 

 737 

 738 

 739 

 740 

 741 

 742 

 743 

 744 

 745 

 746 

Rearing rare mine or gall morphospecies 

In the case of rare morphospecies of galls and mines, which were sampled as a single leaf (without sufficient other 

plant parts attached) follow the rearing protocol by Ohshima (2005): 

 Remove the basal part of the leaf and expose the central vein. 

 Prepare 1% sucrose solution and dip a piece of clean wiping paper in it. 

 Wrap the petiole and exposed part of the central vein with the  

wiping paper. 

 Store the leaf in a plastic container 

 Check the container twice a day. 

 Replace the wiping paper regularly (usually in two day intervals). 
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Example ‘Plant Formʼ (felling) 792 

 793 

TREE ID nr.: _______ SPECIES:_______________ 794 
 795 
CUT DOWN DATE: ____  __________                            RECORDED BY: _________________  796 
 797 
PLANT SIZE: DBH __________  HEIGHT _________ 798 

 799 

NUMBER OF PLANT VOUCHERS TAKEN:             800 

TRUNK HEIGHT                                                                  Meters 801 
[from the ground to the first big branches]        802 
CROWN HEIGHT                                                                  Meters 803 
[from the first big branches to the top]  804 
CROWN WIDTH                                                                    Meters 805 
[across the branches]                                   806 
LEAVES: MATURE/YOUNG 807 

PERCENTAGE OF THE FOLIAGE SAMPLED: 808 

 809 

MATURE LEAVES: 810 

WEIGHT of the foliage                                     KG  811 

% of the foliage sampled for biomass estimate:                        812 

LEAVES FRAME WEIGHT                              GRAMS 813 

LEAVES FRAME - leaf area:____                    cm2 814 

NUMBER OF LEAVES IN FRAME:_ ______                  815 

Leaf area before herbivory                     ___cm2      Leaf area after herbivory ___               cm2  816 

No. of discs              diameter:    817 

 818 

YOUNG LEAVES: 819 

WEIGHT of the foliage                                     KG 820 

% of the foliage sampled for biomass estimate:                        821 

LEAVES FRAME WEIGHT                              GRAMS 822 

LEAVES FRAME - leaf area:____                    cm2 823 

NUMBER OF LEAVES IN FRAME:_ ______                  824 

Leaf area before herbivory                     ___cm2      Leaf area after herbivory ___               cm2  825 

No. of discs              diameter:    826 

 827 

NUMBER OF ABANDONED MINES (can be a real number or % of the foliage attacked): 828 

CAT001 CAT002 CAT003 CAT004 CAT005 CAT006 CAT007 CAT008 CAT009 CAT010 

          

 829 
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 830 

NUMBER OF DISCARDED ACTIVE MINES (can be a real number or % of the foliage attacked): 831 

CAT001 CAT002 CAT003 CAT004 CAT005 CAT006 CAT007 CAT008 CAT009 CAT010 

          

NUMBER OF DISCARDED CATERPILLARS: 832 

CAT001 CAT002 CAT003 CAT004 CAT005 CAT006 CAT007 CAT008 CAT009 CAT010 

          

 833 
CAT011 CAT012 CAT013 CAT014 CAT015 CAT016 CAT017 CAT018 CAT019 CAT020 

          

 834 
 835 

NOTE: 836 

 837 

 838 

 839 

 840 

 841 

 842 

 843 

 844 

 845 

 846 

 847 

 848 

 849 

 850 

 851 

 852 

 853 

 854 

 855 

 856 

 857 
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Example ‘Plant Formʼ (canopy cranes and cherry-pickers) 858 

TREE ID nr.:_______ SPECIES:_______________ 859 
 860 
SAMPLING DATE: ____  __________ 2016                           RECORDED BY: _________________  861 
 862 
PLANT SIZE: DBH __________  HEIGHT _________ 863 
 864 

NUMBER OF PLANT VOUCHERS TAKEN:             865 

TRUNK HEIGHT                                                                  Meters 866 
[from the ground to the first big branches]        867 
CROWN HEIGHT                                                                  Meters 868 
[from the first big branches to the top]  869 
CROWN WIDTH                                                                    Meters 870 
[across the branches]                                   871 
LEAVES: MATURE/YOUNG 872 

PERCENTAGE OF THE FOLIAGE SAMPLED: 873 

 874 

ESTIMATED NUMBER OF MATURE LEAVES:    875 

MATURE LEAVES FRAME - leaf area:____                    cm2 876 

NUMBER OF MATURE LEAVES IN FRAME:_ ______                  877 

Leaf area before herbivory                     ___cm2      Leaf area after herbivory ___               cm2  878 

No. of discs              diameter:    879 

ESTIMATED NUMBER OF YOUNG LEAVES:    880 

YOUNG LEAVES FRAME - leaf area:____                    cm2 881 

 NUMBER OF YOUNG LEAVES IN FRAME:_ ______                  882 

Leaf area before herbivory                     ___cm2      Leaf area after herbivory ___               cm2  883 

No. of discs              diameter:    884 

 885 

NUMBER OF ABANDONED MINES: 886 

CAT001 CAT002 CAT003 CAT004 CAT005 CAT006 CAT007 CAT008 CAT009 CAT010 

          

 887 
 888 

NUMBER OF DISCARDED ACTIVE MINES: 889 

CAT001 CAT002 CAT003 CAT004 CAT005 CAT006 CAT007 CAT008 CAT009 CAT010 

          

 890 

 891 

 892 

 893 



Quantitative assessment of arthropod-plant interactions in forest canopies: a plot-based approach 

26 
 

NUMBER OF DISCARDED CATERPILLARS: 894 

CAT001 CAT002 CAT003 CAT004 CAT005 CAT006 CAT007 CAT008 CAT009 CAT010 

          

 895 
CAT011 CAT012 CAT013 CAT014 CAT015 CAT016 CAT017 CAT018 CAT019 CAT020 

          

 896 

NOTE: 897 

 898 

 899 

 900 

 901 

 902 

 903 

 904 

 905 

 906 

 907 

 908 

 909 

 910 

 911 

 912 

 913 

 914 

 915 

 916 

 917 

 918 

 919 

 920 

 921 
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Example ‘Ant Protocolʼ 922 

 923 

 924 

Tree No: No. of Vials:

Date:                                     2018 Collector:

Myrmecophyte:  YES / NO (Domatia/Nectaries) No.: vial number. Ant - ants, Ter - termites, Sym - symbionts

T = collection on the trunk bellow branches, C = collection in the crown; N = nest, F = only foraging ants/termites

Distance from the ground:

  ……, …   m

Is whole colony collected? Size of colony w x h

        YES   /   NO                                                      <100      100-500      501-1000       >1000      ……   x   ……   cm

Distance from the ground:

  ……, …   m

Is whole colony collected? Size of colony w x h

        YES   /   NO                                                      <100      100-500      501-1000       >1000      ……   x   ……   cm

Distance from the ground:

  ……, …   m

Is whole colony collected? Size of colony w x h

        YES   /   NO                                                      <100      100-500      501-1000       >1000      ……   x   ……   cm

Distance from the ground:

  ……, …   m

Is whole colony collected? Size of colony w x h

        YES   /   NO                                                      <100      100-500      501-1000       >1000      ……   x   ……   cm

Distance from the ground:

  ……, …   m

Is whole colony collected? Size of colony w x h

        YES   /   NO                                                      <100      100-500      501-1000       >1000      ……   x   ……   cm

Distance from the ground:

  ……, …   m

Is whole colony collected? Size of colony w x h

        YES   /   NO                                                      <100      100-500      501-1000       >1000      ……   x   ……   cm

Distance from the ground:

  ……, …   m

Is whole colony collected? Size of colony w x h

        YES   /   NO                                                      <100      100-500      501-1000       >1000      ……   x   ……   cm

Distance from the ground:

  ……, …   m

Is whole colony collected? Size of colony w x h

        YES   /   NO                                                      <100      100-500      501-1000       >1000      ……   x   ……   cm

Distance from the ground:

  ……, …   m

Is whole colony collected? Size of colony w x h

        YES   /   NO                                                      <100      100-500      501-1000       >1000      ……   x   ……   cm

Ant-Ter  

Sym    

T - C   

N - F
Estimation of workers number (for a nest)

3

7

Ant-Ter  

Sym    

T - C   

N - F
Estimation of workers number (for a nest)

Ant-Ter  

Sym    

T - C   

N - F

Ant-Ter  

Sym    

T - C   

N - F

6

Ant-Ter  

Sym    

T - C   

N - F
Estimation of workers number (for a nest)

2

Ant-Ter  

Sym    

T - C   

N - F
Estimation of workers number (for a nest)

4

9

Ant-Ter  

Sym    

T - C   

N - F
Estimation of workers number (for a nest)

5

Ant-Ter  

Sym    

T - C   

N - F

8

Ant-Ter  

Sym    

T - C   

N - F
Estimation of workers number (for a nest)

Nest location

Estimation of workers number (for a nest)

No Nest characteristic and notes

Estimation of workers number (for a nest)

1
Estimation of workers number (for a nest)
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Example ‘Ant Labelsʼ and how to fill them. For examples of herbivore labels, see Figures 925 

P9-P11. 926 

 927 


